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ABSTRACT 
 

The harvested macroalga Enteromorpha sp. from the north Egyptian coastal was subjected to 
enzymatic bioalcohol production verses to acid hydrolysis. For this reason, the collected alga was sea 
water washed, sun dried and fine grinded. Oil extraction was performed by n-hexane/iso-propanol 
mixture (3:2). Following oil extraction, the free oil biomass was subjected to bioethanol production 
through three different techniques including acid digestion, fungal biotreatment and enzymatic 
treatment prior the bioethanol production with yeast. It was found that optimal conditions for 
hydrolysis process 48 hours using a commercial enzyme that includes two stages: liquefaction process 
using diluted sulphoric acid at 121°C for 15 minute followed by incubation in commercially available 
hydrolytic enzymes α-amylase 1000U at 95°C with a pH of 6, while for the saccharification process 
using cellulase 145U at a temperature of 60°C, pH 5.3 and 120 rpm rotation gave a maximum yield of 
sugar (272.82 mg.g-1). The fermentation of hydrolysate using Saccharomyces cerevisiae gave ethanol 
yield of 0.138 g.g-1 reducing sugar in the highest yield scenario observed during this research. 
 
Key words: Enteromorpha - algae - Chemical - Fungal - Enzymes - Hydrolysis - Saccharification - 

Bioethanol. 

 
Introduction 
 

The rising demand for energy intended for heating, electricity and transport puts a severe pressure 
on the world’s resources of both fossil and renewable energy. Development of alternative, renewable 
sources of solid and liquid fuels will be vital to meet the future energy needs and help to facilitate 
compliance with mandated CO2 reduction. There has been a good deal of interest in the potential of 
marine vegetation as a sink for anthropogenic carbon emissions (Blue Carbon). Marine primary 
producers contribute at least 50% of the world’s carbon fixation and may account for as much as 71% 
of all carbon storage (Chung et al., 2011). However, carbon sequestered by macroalgae will only be 
effective in ameliorating CO2 levels if the algal products are used for biofuels or other products that 
bypass the use of fossil fuels. Use of seaweed as foodstuff has no impact on atmospheric CO2, as the 
carbon ingested is rapidly respired and re-released into the atmosphere. Algal farming can certainly 
bring benefits to subsistence level communities (Sievannen et al., 2015).  

Macroalgae comprise a vast number of photosynthetic aquatic plants and represent a huge 
unexploited potential for energy production. Macroalgae use light as energy source and seawater as a 
growth medium, capturing dissolved CO2 and nutrients. This bioremediation capacity increases the 
potential value of the macroalgae biomass. Chemical composition of the macroalgae vary depending 
on geographical distribution, habitats, maturity, seasons and the principal environmental conditions, 
such as water temperature, salinity, light, and nutrients (Kaimoussi et al., 2004; Ortiz et al., 2006; 
Messyasz et al., 2010). Nutritional value of seaweeds in the Egyptian Mediterranean Sea, especially 
on Alexandria beaches and the eastern coast, has been investigated in a limited number of articles (El-
Sarraf and  El-Shaarawy, 1994; Wassef  et al., 2015; Abdallah,  2008; Shams El-Din et al., 2007). 
There are also very few studies on the western Egyptian Mediterranean Sea (Masoud et al., 2006; 
Shams El-Din  and  El-Sherif, 2012). 
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Algal oil is suitable for transesterfication reaction for biodiesel production. So, algae seem to be 
the recent renewable source of oil that could meet the global demand for transport fuels (Ross  et al., 
2008). While the lipid content of macroalgae is considerably less than that of microalgae, and is 
usually less than 7% (Fleurence et al., 1994), the content of soluble and structural carbohydrate can 
be much higher (values of >30% soluble carbohydrate) and are not uncommon for tropical 
Rhodophytes (Renaud and Luong-Van, 2006). Lipids can be directly converted to biodiesel, but the 
other components such as carbohydrate and protein can also be chemically converted to useful fuels, 
including ethanol, and chemical feed-stocks (Petrus and   Noordermeer, 2006). 

Enteromorpha (Ulvales) are large green algae distributed widely in Arctic, Ireland, Europe, 
Atlantic Island, North America, Caribbean Islands, South America, Africa, Indian Ocean Islands, 
South-west Asia, Asia, South-east Asia, Australia, New Zealand, Pacific Islands, Antarctic and the 
sub Antarctic islands. The algae prolife rate is quickly via sexual, asexual, and vegetative ways under 
favorable conditions (Lin et al., 2008). The growth rate of Enteromorpha can reach 12.7% per day 
(Pérez-Lloréns et al., 2004). Some Enteromorpha species can bloom to form a large biomass (Sun 
and  Cheng, 2005). Ulvales algae are an important biomass and some marine green algae are human 
food sources. At present, wider usage of these algae is still poorly explored (Chattopadhyay et al., 
2007). Enteromorpha compressa algal oil with high free fatty acids (FFA) and might serves as a 
valuable renewable raw-material for biodiesel production (Suganya et al., 2013). 

Marine macroalgae are potential biomass for renewable energy. The primary focus of research 
and development toward algal biofuels has been the production of fuel from the lipid fraction, with 
the non-lipid biomass used for production of biogas, electricity, animal feed, or fertilizer. Since the 
non-lipid fraction comprises approximately half of the algal biomass, the development of processes to 
produce additional liquid fuel or higher value products is of interest. The nutritional properties of 
macroalgae are usually estimated for their chemical composition (Darcy-Vrillon, 1993). Industrial 
production of ethanol from seaweed would require optimization of the extraction process to give 
higher ethanol concentrations (Horn et al., 2000). Commonly, biological conversion from biomass to 
ethanol requires two steps including hydrolysis of polysaccharides to sugars and fermentation by 
yeast or bacteria to convert fermentable sugars into ethanol. At present, either acid or enzymatic 
hydrolysis processes are used. Obviously, a key to converting biomass to bioethanol is effectively 
producing fermentable sugars through hydrolysis of polysaccharides from the biomass. Compared 
with acid hydrolysis, enzymatic hydrolysis which requires pretreatment to improve enzymatic 
digestibility is milder and more specific (Sun and Cheng, 2005). 

The current study explores the potential of Enteromorpha sp. for extraction of oil for biodiesel 
production and further utilizes the de-fatted algal residues rich in carbohydrates for bioethanol 
production with subsequent chemical, biological enzymatic hydrolysis and fermentation by 
Saccharomyces cerevisiae. 
 

Materials and Methods 
 

Alga and oil extraction: 
 

Enteromorpha sp. was collected from the Egyptian north coastal by Algal biotechnology Unit, 
National Research Centre, Egypt. Sea water washing performing sand and other impurities removing 
then sun dried and fine grinded. Cellulose and hemicelluloses content of Enteromorpha sp. biomass 
was determined using the standard laboratory analytical procedure for biomass analysis provided by 
the National Renewable Energy Laboratory (NREL, USA) and methods developed by the Association 
of Official Analytical Chemistry (AOAC, 2000). Humidity, organic matter and ash were determined 
by standard methods (Pádua et al., 2004). Protein content was measured based on Kjeldahl technique. 
Lipid content was determined with the Soxhlet method. Prior extraction, fine powdered alga was 
soaked in solvent mixture over night in room temperature to safe electricity and reducing extraction 
time. The residue was tap water washed and then dried at 55oC using hot air oven. Total sugars in free 
oil biomass and total free sugars in hydrolytes filtrate were determined according to the methods of 
AOAC (2000). 
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Microorganisms: 
 

Cellulose degrading fungi (Trichoderma viride) and ethanol producing yeast (Saccharomyces 
cerevisiae) were kindly obtained from Microbiology Department, Soils, Water and Environment 
Research Institute (SWERI), Agriculture Research Center (ARC); Giza, Egypt. 
 

Saccharification: 
 

Three treatments were conducted for converting dried biomass (defatted or non-defatted) to 
fermentable sugars using acid hydrolysis, enzymatic or fungal bio-treatment and their potential 
efficacy were compared. 
 

Acid hydrolysis: 
 

Single-stage acid hydrolysis assay was performed in an autoclave at 121°C in 250 ml flasks with 
(4%, 7% and 10%) of 97% H2SO4 for 15 min. Solid/liquid ratio was adjusted to be 10 % (Miranda et 
al., 2012).  After hydrolysis, solid materials were removed from flasks by filtration and the 
supernatant was neutralized with NaOH at pH 5.0-5.5. The hydrolysate filtrates were then used for 
total, reduced and non-reduced sugars determination and kept refrigerated at 5–7oC until used for 
ethanol production.  
 

Fungal biotreatment: 
 

Cellulose degrading fungi Trichoderma viride was grown and maintained on potato dextrose agar 
(PDA) slants. Fungal culture was inoculated onto PDA medium in Petri plates. After 4-5 days of 
incubation at 28°C. Biotreatment of Enteromorpha sp. prior to ethanol production was conducted in 
submerged cultures by growing Trichoderma viride culture with the following composition (g.l-1): 
urea (0.3); (NH4)2SO4(1.4); KH2PO4(2.0); CaCl2 (0.3); MgSO4.7H2O(0.3); yeast extract (0.25) and 
peptone (0.75) at pH 7.0 (Juhász et al., 2003) . The medium was also supplemented with the 
following trace elements (mg.l-1): FeSO4.7H2O (0.5); CoCl2 (2.0); MnSO4 (1.6); ZnSO4 (1.4). 10 g of 
Enteromorpha sp. biomass were placed in 500 ml conical flask containing 100 ml of the above 
medium. The flasks were sterilized at 121°C for 20 min, each flask was inoculated with 4 discs of 
Trichoderma viride fungus and incubated at 28°C in an orbital shaking incubator at 150 rpm for 10 
days. The process was monitored every 2 days for reducing sugars released with (DNSA) method 
(Yoswathana and Phuriphipat, 2010). 

Seven days later of incubation, the residual materials were separated by filtration through filter 
cloth then through Whatman filter paper No.1. The filtrates were kept refrigerated at 5–7oC until used 
for ethanol production. 
 

Enzyme hydrolysis: 
 

Liquefaction process using diluted sulphoric acid was used for pretreatment of Enteromorpha sp. 
biomass under different conditions. 10 grams of defatted dry powder and non-defatted biomass 
material were mixed separately with 0.0, 1.0, 2.0 and 3.0% H2SO4 solution in 1:10 w/v% ratio, in 500 
ml flasks. The flasks were autoclaved at 121°C for 15 minute. The solutions in the flasks were cooled,  
naturalized  using 5 M Na OH  and commercially available hydrolytic enzymes α-amylase 1000U at 
95oC with a pH of 6  for 6 hours, while for the saccharification process cellulose 145U at a 
temperature of 60°C, pH 5.5 and 150 rpm rotation for 36 hours was used (pH was established using 
0.05M citrate buffer). The residual materials were separated by filtration through whatman filter 
paper No.1. The hydrolyzed filtrate was used for total free sugars determination, and then kept 
refrigerated at 5–7oC until used for ethanol production. All tests were performed in triplicates. 
 

Ethanol production: 
 

Inoculum: 
 

Saccharomyces cerevisiae was cultured on yeast extract peptone dextrose agar (YPD) and 
incubated at 30oC for 48 hours. A single colony of Saccharomyces cerevisiae was transferred into 50 
ml of YPD medium (10.0 g/l yeast extract, 20.0 g.l-1 peptone and 20.0 g/l dextrose) and incubated at 
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30.0oC and 150 rpm for 24 hours. The cell concentration in the Inoculum was 5 X 106 cells per ml. It 
was used to inoculate the fermentation medium. 

The medium used for ethanol fermentation was composed of (%) 0.25 (NH4)2SO4, 0.1 KH2PO4, 
0.05 MgSO4.7H2O and 0.25 Yeast extract; These chemicals were added to the filtrate from 
saccharified biomasses  and sterilized at 121°C for 15 min. After sterilization the medium was 
allowed to cool at room temperature then after Sacchromyces cervisea was inoculated at 5 % v/v and 
incubated under static conditions at 30°C for 4 days of fermentation period. After termination of the 
fermentation period, ethanol produced was determined and the ethanol yield was calculated using the 
formula as described in Yoswathana and Phuriphipat (2010). Samples for glucose and ethanol 
analysis were taken at the beginning and end of 24.0 h fermentation process. 
 
Analysis of Reducing Sugars and Ethanol; 

 
The amount of reducing sugars was measured by dinitrosalicylic acid (DNS) method (Miller, 

1959) and total sugars were measured by the method as described by Duboise et al. (1956). Ethanol 
concentration was determined using a colorimetric method proposed by Sumbhate et al. (2012). 
Liquid sample (0.4 ml) was mixed with 2 ml of 40 g.l-1 potassium dichromate solution, 2 ml acetate 
buffer (pH 4.3) and 10 ml of 1N sulfuric acid. The mixture was left at room temperature for 2 h then 
the absorbance was measured at 578 nm. Absolute ethanol was used as a standard for calibration 
curve preparation. The fermentation efficiency (FE%) was calculated by the ratio of the average 
produced ethanol to the ethanol theoretically produced in the biochemical conversion of the sugars 
consumed. 
 
Statistical analysis: 

 
Statistical analysis was done by ANOVA test using Microsoft Excel program. The difference in 

values was indicated in the form of probability (p < 0.05) values. 
 
Results and Discussion  

 
Chemical characteristics of Enteromorpha sp: 
 

The biochemical composition including protein, carbohydrate, lipid, moisture and ash content as 
well as tissue nutrient concentrations of nitrogen (N), phosphorus (P) and carbon of Enteromorpha sp. 
is listed in Table (1).  
 

Table 1: Biochemical composition (%) of Enteromorpha sp. 
Organic 
Matter 

Organic 
Carbon 

protein Carbohydrates lignin cellulose 

O D O D O D O D O D O D 
35.26 29.58 20.44 17.33 7.06 7.0 51.37 50.05 0.7 0.5 8.0 8.12 

Moisture Ash N P C:N ratio hemicellulose 
8.02 7.91 17.6 22.4 1.13 1.13 0.41 0.41 18:1 11:4 3.6 3.13 

O= original or non-defatted alga (6.3% oil)              D= defatted alga (0.0% oil) 

 
In comparison to protein and carbohydrate, lipid makes up the relatively smallest portion in 

Enteromorpha sp. The lipid content of Enteromorpha sp. has lipid content range (6.3%); which 
slightly lower than those of Haroon and  Szaniawska, (2000) collected from the Gulf of Gdańsk (7.77 
± 0.97%) on dry weight basis. Lipid accounted for nearly 14% of the cell wall weight of 
Enteromorpha intestinalis (Dodson and  Aronson, 1978). Protein is a significant building component.  
No significant differences were noticed between non defatted and defatted biomass on protein content 
which reached 7.6 ±0.03 on dry weight basis. The values recorded are similar to those reported earlier 
by many authors (Owens and Stewart, 1983; Tkachenko and Aivazova, 1974; Wheeler and 
Bj¨orns¨ater, 1992). 
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Carbohydrate is the most important component for metabolism as it supplies the energy needed 
for respiration and other metabolic processes. The carbohydrate content in non- defatted and defatted 
biomass was 51.37±1.32. On the other hand, Enteromorpha sp. seaweed contains low concentrations 
of lignin (0.7, 0.5%) in non-defatted and defatted biomass. 

Consequently, the conversion of carbohydrates contained in Enteromorpha sp. seaweed into 
ethanol does not require delignification. Total tissue nitrogen content in the present study was 1.13 % 
and phosphorus content was (.043 %). C:N ratios ranged between 18:1  and 11.4 :1 with the whole 
and defatted biomass; respectively. Ash content was found within the range between 17.6 to 22.4% 
DW. Based on these characteristics, Enteromorpha sp. seaweeds have been proposed as some of the 
most promising raw materials for efficient biofuel production that would not compete with food due 
to the adequate amount of oil content with higher fermentable sugar content. 
 
Effect of acid hydrolysis on reduced sugar content: 

 
Acid concentration is a major operational parameter which can affect saccharification of 

macroalgae biomass when it is conducted in autoclave (Miranda et al., 2012; Harun and Danquah, 
2011). As can be seen in Fig. 1, small differences in reduced sugars (RS) were observed when the 
concentration of acid raised from 4 % to 7% H2SO4 concentration for both defatted and non-defatted 
Enteromorpha sp. biomass. The highest levels of reducing sugars was obtained with 4% H2SO4 

concentration values of 198.44 and 190.77 mg.g-1 for defatted and non-defatted biomass; respectively. 
A small increase (<5 mg.g-1) was observed in non-defatted biomass when H2SO4 concentration 
increased from 4 % to 7%, but sugar release values diminished when a 10% H2SO4 was applied. 
Reducing sugars were decreased when microalgae Scenedesmus obliquus was treated with H2SO4 
solutions with a concentration above 2.0 N (5.4% (v/v). The decrease observed in reducing sugars 
may be attributed to the degradation of monosaccharides into sugar degraded products (such as 
furfural, hydroxy methyl furfural, propionic acid, acetic acid, formic acid and lactic acid) (Miranda et 
al., 2012). The accumulation of these harmful compounds occurs as a consequence of hexoses and 
pentoses degradation when a high hydrolysis is performed affecting to the fermentation process 
(Harun and Danquah, 2011). The highest record of ethanol production was achieved with 4 % 
H2SO4on defatted biomass. 5 % sulfuric acid at 121oC for 20 min is suitable for hydrolysis of green 
marine alga Ulva fasciata to liberate the maximum free sugars content (Hamouda et al., 2013).  
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Fig. 1: Effect of H2SO4 concentrations on reducing sugar mg.g-1 of Enteromorpha sp. 
 

The release of fermentable sugars of Enteromorpha biomass (glucose and xylose) was affected by 
acid concentration and treatment time. However, the release of fermentable sugars was similar for 
treatment times of 60 min and 90 min. When the concentration of sulfuric acid was 1.8% and the 
treatment time was 60 min, the release of the fermentable sugars was at maximum 230.5 mg/g dry 
biomass, accounting for 48.6% of total reducing sugars (Dawei et al., 2011). In this context, ethanol 
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produced from acid hydrolyzed Chlorella vulgaris reached 38.7%.  The rise of produced ethanol from 
Chlorella vulgaris as compared with Enteromorpha sp. could be ascribed to cell structure of both 
algae, however Enteromorpha more higher in sugar content (Abo El-Khair et al., 2015).   

   
Effect of fungal biotreatment on reduced sugar content:  

 
The degradation of Enteromorpha sp. biomass using Trichoderma viride was examined as a 

cheap and useful tool for converting cellulosic materials to free sugars for ethanol production. Ethanol 
production using Saccharomyces cerevisiae was conducted after the biotreatment is completed. As 
shown in Fig. 2, higher Sugar release values were obtained from fungal growth on defatted biomass 
than those non-defatted (181.68 and 165.44 mg.g-1). Result indicates that the optimum condition of 
the hydrolytic cellulose is enzymatically obtained on the pH 6.0 by 8 days of incubation and the 
optimum condition of the bioethanol fermentation was obtained on pH of 5.5 by 5 days. The optimum 
condition of the enzymatic hydrolysis of Gracilaria verrucosa cellulose by Trichoderma viride was 
obtained at pH 5.5 by 6 days (Ahyar, 2014). 

 

 
 

Fig. 2: Reducing sugar (mg.g-1) of Enteromorpha sp hydrolyzed by Trichoderma viride. 
 

Effect of enzymatic hydrolysis on reduced sugar content: 
 
Data illustrated in Fig. 3 shows the amounts of the reducing sugars obtained after enzymatic 

hydrolysis. The highest reducing sugar release was obtained when pretreatment was done with 2.0% 
sulfuric acid at 121oC for 15 minute. It was recorded as 269.98 and 272.84 mg.g-1 for defatted and 
non-defatted biomass; respectively. By the same respect, 36.11 and 31.32 mg.g-1 were obtained with 
0.0% H2SO4 digestion comparing with 124.68 and 131.24 mg.g-1 of 0.5 % H2SO4 digestion or with  
1.0% H2SO4 digestion that resulted in 258.68 and 262.0 mg.g-1 for defatted and non-defatted biomass; 
respectively. Thus, enzymatic saccharification efficiency of algal biomass was enhanced by coupling 
with acidic pretreatments. Higher saccharification rate was achieved due to the greater availability 
and exposure of algal biomass to enzymes. Sharma et al. (2015) described the liquefaction of starch 
that occurs during treatment of Chlamydomonas reinhardtii (UTEX90). The commercially available 
hydrolytic enzymes α-amylase and cellulase were employed to perform liquefaction and 
saccharification; respectively. Even though bioethanol yield was low compared with yield obtained 
using acid pretreatment, α-amylase disrupted the cell wall completely; releasing all carbohydrates 
without the need for any further pretreatment. Enzymatic hydrolysis yielded higher saccharification 
rates of 52.93 % as compared to acid hydrolysis with 4% sulfuric acid and biotreatment with 
Trichoderma viride fungus. Saccharification rates of 42.11 and 35.00 ±1.75 % were achieved as acid 
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hydrolysis was performed with 4.0 % H2SO4 and biotreatment with Trichoderma viride fungus; 
respectively. 

 

H2SO4 (%).

0.0 0.5 1.0 1.5 2.0 2.5

R
ed

uc
in

g 
Su

ga
r (

m
g/

g 
D

M
)

0

50

100

150

200

250

300
Defatted biomass
Non Defatted biomass

 
Fig. 3: Effect of enzymatic hydrolysis of acid pretreated Enteromorpha sp on reducing sugar release 
mg.g-1 

 
Bioethanol production: 

 
Figure 4 (a, b and c) represents the ethanol yield by yeast Saccharomyces cerevisiae, using 

reducing sugar yielded from pre-treated Enteromorpha sp. biomass which hydrolyze by chemical, 
biological and enzymatic hydrolysis. In general higher conversion percentages of total sugars were 
obtained from enzymes hydrolysis yielded on pre-treated defatted biomass with 2% H2SO4 cultures 
which recorded 0.138 ± 0.11g.g-1 of ethanol per sugars utilized accounting for 50.73% ± 3.12 of total 
reducing sugars being ethanol fermentable. 

 

   

 
 
Fig. 4: Bioethanol production g.g-1 from pretreated Enteromorpha sp. with a) H2SO4, b) pretreated 

biomass with Trichoderma viride and c) enzymatic hydrolysis of acid pretreated Enteromorpha 
sp. 

 
Ethanol production was 0.0474 ± 0.018 with chemical hydrolysis using 4% H2SO4, whereas the 

lowest concentration of ethanol was obtained with 10% H2SO4 on all tested biomass. In biological 
hydrolysis by Trichoderma viride fungus, the ethanol production was 0.0744 ± 0.02. Due to the mild 
conditions employed during enzymatic hydrolysis, furfural production is essentially negligible, and 
enzymatic saccharification is therefore an appealing alternative to acid hydrolysis. However, the 
recalcitrance of lignocellulosic substrates and the cost of currently available enzyme preparations are 
regarded as the major obstacles to an economically viable lignocellulose-based biorefinery employing 
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enzymatic hydrolysis. Also, finding appropriate pretreatment methods to increase substrate 
availability is a challenge for successful employment of enzymatic hydrolysis in a lignocellulose-
based biorefinery (Choi et al., 2012). It is believed, however, that improved pretreatment methods and 
enzyme preparations may overcome this challenge in the future. 

The hydrolysate of different hydrolysis methods used after different pretreatments being 
subjected to alcoholic fermentation by yeast. Therefore, the effect of pretreatment is indirectly related 
and cannot be correlated quantitatively for the production of alcohol rather than it is the nature of 
hydrolysis which has direct relationship with alcoholic fermentation (Nahak et al., 2011). 
 
Conclusion 

 
Enteromorpha sp. could be serving as a good candidate for production of bioethanol. In future 

work, the effects of temperature and biomass concentration on hydrolysis, and also the fermentation 
of the hydrolysates to ethanol fuel should be focused on. 
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